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Executive Summary 
 
Current water treatment processes represent an effective method for removing particles 
across a wide size range (from dissolved and colloidal up to particles of a few mm), and 
microplastics (MPs) can be considered as another type of particle. Hence, this project aimed 
to provide a sound understanding of how current drinking water processes manage the 
presence of microplastics (MPs) and whether their presence in potable water may pose a 
potential risk to human health. With this purpose, the following objectives were considered: 
 
1) Review existing literature on occurrence of MPs in water sources, drinking water, the 

relative importance of different sources of inputs to water and removal by drinking water 
processes. 

2) Review the methods of analysis that have been used to determine MPs in water. 
3) Summarize existing knowledge on human exposure to MPs through food, water and air 

and any associated risk assessments. 
4) Conduct bench scale experiments to determine the efficiency of removal of a different 

sizes and types of MPs by a range of drinking water treatment processes. 
5) Based on the findings of the bench study and other aspects, propose an approach to 

monitoring a small number of final waters for MPs. 
 
Microplastics were found to be ubiquitous in surface water bodies (i.e. lakes, reservoirs and 
rivers) worldwide. At the catchment level, most of the documents linked MP presence to 
urban areas where domestic effluents and industrial activities were suggested as main MP 
sources. From a quantitative point of view, MP abundances showed high variability (0 to 
519,000 MP/m3) owing to environmental variations and sampling uncertainties. Overall, 50 
µm was the most reported lowest size value, since researchers found it very difficult to 
visually separate MPs from non-plastic particles and the particle size threshold for detection 
by FTIR is 20 µm. Regardless of water body or geographical location, fibres between 50 and 
300 µm were numerically dominant in most of the documents. From a chemical point of view, 
the polymers more frequently identified were polypropylene (PP) and polyethylene (PE).   
 
Uptake of MPs in the human gastrointestinal tract is restricted to the fraction of particles < 
150 µm (i.e. ≤ 0.3% of the exposed dose). Only particles < 20 µm in size are thought to be able 
to reach other organs following ingestion. Some evidence suggested an association of 
ingested MPs with local inflammation, altered gut microbiome and altered lipid metabolism 
that may impact human health. Nevertheless, the contribution from MPs to total daily 
exposure is likely to be low or insignificant. While there is a potential risk to the lungs from 
any suitably small low solubility particles or fibres if inhaled in sufficient quantity, this is 
considered unlikely for human exposure to MPs in the environment. It is noted that potential 
risks to human health from exposure to MPs are generally difficult to quantify due to the 
considerable variability in physical and chemical properties and the lack of a 
harmonised/standardised method for identifying and/or quantifying microplastics in foods 
and biological specimens. Nonetheless, this assessment concluded that the risk of adverse 
health effects from exposure of humans to microplastics in the environment is small. Lack of 
data precludes consideration of the effects of nanoplastic particles. 
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Under laboratory-controlled conditions, bench and pilot trials involved four common plastics 
[PE, PP, polystyrene (PS), and polyethylene terephthalate (PET)] in three different particle 
shapes (spheres, fibres, and fragments) whose sizes ranged between 20 and 150 µm. To 
consider matrix effects, the trials were conducted with synthetic and raw waters. In jar tests, 
coagulation separated 96% of the initial MP load (approximately 1000 particles per litre) in 
both matrices. Entrapment of MPs inside the flocs’ porous aggregates explained the removal 
mechanism. For plastics lighter than water (PE, PP), smaller particle size seemed to favour 
removal as smaller MPs incorporated better to the flocs. For heavier plastics (PS, PET), no 
changes in sinking behaviour were observed between coagulation and free settling. In terms 
of morphology, spheres and fibres removed better than irregular fragments. Continuous-flow 
trials in a pilot plant corroborated that coagulation removed the bulk of MPs entering the 
treatment. In this case, filtration played a critical role to fully retain those minimal numbers 
of MPs escaping coagulation.  
 
For the tested materials and sizes, results herein reported confirm that coagulation-
flocculation (i.e. clarification of water by adding a reagent that destabilizes suspended 
particles allowing their aggregation in settling flocs heavier than water) combined with 
filtration (i.e. removal of suspended particles by passing the suspension through a porous 
material) are robust and flexible processes. These can treat waters containing MPs varying in 
abundance, composition, and properties without compromising the quality of the final 
effluent. For monitoring purposes, the two critical points at the water works are the raw 
water at influent and post-filtration effluents.   
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1. Introduction  
 
The abundance of plastic debris in the environment is an increasing concern since this 
contamination is ubiquitous and found in habitats as remote as the mid-Atlantic archipelagos 
and Antarctica. The prevalence of microplastics (MPs), defined as plastic particles <5 mm, in 
aquatic systems has captured the attention of the scientific community and public because of 
the limited knowledge on the prevalence and potential impact that these pollutants may have 
on biota and humans (Browne et al., 2011). Depending on their origin, MPs are generally 
classified as primary or secondary. Primary sources consist of two main groups: beads 
contained in cleaning and cosmetic products and pellets used in plastic manufacturing. In 
these, polyethylene, polypropylene, and polystyrene are the most common polymeric 
constituents. Secondary MPs result from the breakdown of larger macromolecules, and this 
may occur either before release into the environment or afterwards as the by-products of 
weathering. Within this category, fibres made of polyester, acrylic and polyamide are the 
most prevalent (Lares et al., 2018).  
 
MPs impact living communities and alter the physical/chemical properties of habitats. 
Ingestion is the most common way by which MPs and organisms interact. In marine 
environments, MPs have been found to be assimilated by all trophic levels from zooplankton 
to mammals. Ingested plastics may act as stressors and damage organs. Furthermore, MPs 
and their breakdown products can move up the food chain with the potential 
bioaccumulation effect for predators. In addition, because of their hydrophobic nature, MPs 
can interfere with the dynamic distribution of chemicals in the water column (Hermabessiere 
et al., 2017). 
 
Despite MPs having not been regularly monitored and the lack of available baseline 
information, evidence of plastic litter in fresh waters has been found in England (Solent 
estuary and River Thame); Europe (Garda and Geneva Lakes, Danube, Elbe, Mosel, Necktar 
and Rhine rivers); and North America (Great Lakes, Los Angeles basin, North Shore Channel 
Chicago, St. Lawrence River)  (Li et al., 2018). In most of these locations, the presence of MPs 
was linked to effluents from wastewater works or discharges from plastic manufacturing 
factories. These studies also provided valuable insight into primary and secondary MPs in 
terms of size, polymer composition, transformation/weathering degree and concentration. 
Nevertheless, comparison and synthesis of the data is difficult because of the lack of 
consistency across the studies. Principally this is because the analysis of MPs is very 
inconsistent since researchers follow ad hoc methods rather than validated protocols (Silva 
et al., 2018). Hence there is a need for standardized and robust methods to identify and 
quantify MPs so that data from different sources can be fairly compared.   
 
Inconsistency is also noticed on the role that treatment plants play in MPs management. 
Contradictory arguments can be found in the literature on the physical prevalence or removal 
of MPs in wastewater treatment in physical processes (primary and tertiary treatments) and 
biological processes (secondary treatment) (Murphy et al., 2016; Talvitie et al., 2015). With 
respect to drinking water quality and treatment, the lack of data is even more striking with 
only a few studies having been conducted on bottled water (Schymanski et al., 2018). 
However, it is well-known that current water treatment processes represent an effective 
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method for the elimination of particles across a wide size range (from dissolved/colloidal up 
to particles of a few mm). The types of plastics represented in MPs is varied, and includes 
polymers of (poly-) ethylene, propylene, vinyl chloride, styrene, amides, esters and urethane 
(see Table 1). However, fundamentally, MPs should be considered as any other type of 
particle in terms of understanding how these particles may be removed during water 
treatment processes. This requires understanding of the physico-chemical properties of the 
material to determine the mechanisms of removal for different types of MP composition.  
 
Table 1 Common plastic polymers in aquatic systems  

Polymer Abbreviation Density* (g/cm3) 
Expanded polystyrene EPS 0.01-0.04 
Polypropylene PP 0.85-0.92 
Low-density polyethylene LDPE 0.89-0.93 
High-density polyethylene HDPE 0.94-0.98 
Acrylonitrile-butadiene-styrene ABS 1.04-1.06 
Polystyrene PS 1.04-1.08 
Polyamide (nylon) PA 1.13-1.16 
Polymethyl methacrylate (acrylic) PMMA 1.16-1.20 
Polycarbonate PC 1.20-1.22 
Cellulose acetate CA 1.30 
Polyethylene terephthalate  PET 1.38-1.41 
Polyvinyl chloride PVC 1.38-1.41 
Polytetrafluoroethylene PTFE 2.10-2.30 

*Water density 1 g/cm3 (Driedger et al., 2015) 
 
Important properties of particles that influence the removal of the particles include the 
surface charge, size distribution and shape profile, concentration and the strength of bonds 
formed between particles when captured in a floc. In addition, the ability of the plastic to 
adsorb organic substances will play an important role in controlling how plastics are removed. 
As most plastics are hydrophobic in character, adsorption of organic compounds has been 
well documented (Napper et al., 2015). One hypothesis to test in this research will be that, 
because of their interaction, plastics will adopt the characteristics of the background organic 
matter with respect to their removal profile in different solid-liquid separation processes. 
Humic acids have been shown to stabilise plastics in water and reduce their ability to 
aggregate when the ionic strength of the system is changed (Li et al., 2018). However, this 
does not explain how coagulants interact with organic coated micro-plastics and does not 
consider the range of both organic compounds and MPs that might be present in water. The 
latter point is important because MPs are more likely to be present in human impacted river 
waters, where more hydrophilic organic compounds will be dominant. Such hydrophilic 
organics compounds are known to be poorly removed by coagulation  (Sharp et al., 2006). In 
turn, this may make MPs very difficult to remove by clarification processes.  
 
1.1. Project Scope and Objectives 
 
There is a significant knowledge gap in our understanding of MPs in drinking water. Hence 
the need for determining the fate of MPs across different water treatment stages (e.g. 
clarification), their interaction with the organic profile and their presence in final drinking 
water and the consequent risk for human consumption. Thus, the aim of this project was to 
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provide a sound understanding of the potential human exposure to MPs from drinking water 
and an assessment of the associated health risks. With this purpose, the following objectives 
were considered: 
 
1) Review existing literature on occurrence of MPs in water sources, drinking water, the 

relative importance of different sources of inputs to water and removal by drinking water 
processes. 

2) Review the methods of analysis that have been used to determine MPs in water. 
3) Summarize existing knowledge on human exposure to MPs through food, water and air 

and any associated risk assessments. 
4) Conduct bench scale experiments to determine the efficiency of removal of a different 

sizes and types of MPs by a range of drinking water treatment processes. 
5) Based on the findings of the bench study and other aspects, propose an approach to 

monitoring a small number of final waters for MPs. 
 
This project provides insight into the occurrence, fate and transport of MPs in water bodies 
used for human consumption. The project reviewed the different analytical methods applied 
for the characterisation of MPs in the aquatic environment. An evaluation of existing 
knowledge on the exposure routes of MPs to humans was also undertaken. Bench and pilot 
scale experiments were carried out to clarify the removal profile of MPs during water 
treatment (i.e. clarification and filtration).  
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2. Literature Reviews 
 
Systematic reviews of the literature were conducted to identify all available evidence, while 
reducing the impact of bias on the review findings related to Objectives 1 through 3. The 
reviews involved the following tasks: scoping search, structured search combining a first and 
a second screening, documentation, verification and report.  
 
Information resources of relevance to this project were peer-reviewed journal publications 
as well as access to company sponsored reports and grey literature. Key searching databases 
were required to find the appropriate information and access to many organisations’ websites 
are listed in Table 2.  
 
Table 2 Document sources consulted for the literature reviews 

Databases Search websites Organisations 
Scopus, SciFinder, ISI Web of 
Knowledge, EBSCO  

google.com, 
googlescholar.com 
 

IWA, WRc, UKWIR, US EPA, US 
NOAA, WRF, GWRF, CSIRO, 
further selected utility 
organisations in the United 
Kingdom, European Union, 
United States, and Australia. 

 
2.1. Microplastics in Water Sources and Evaluation of Analytical Protocols 
 
To deliver Objectives 2 and 3, a systematic review was conducted addressing the following 
questions: 1) what is the occurrence, fate and transport of MPs in natural and engineered 
aquatic systems where abstraction for potables uses commonly takes place worldwide as well 
as in England and Wales (i.e. groundwater, rivers, lakes, reservoirs, etc.)?; 2) What is the 
removal profile of MPs across water treatment systems including process operations such as 
flotation, coagulation/flocculation, and filtration?; and 3) What are the available analytical 
methods for the detection and quantitation of MPs in environmental compartments with 
emphasis on method performance and quality control (QC). 
 
Microplastics were found to be ubiquitous in surface water bodies (i.e. lakes, reservoirs and 
rivers) worldwide. At the catchment level, most of the documents linked MP presence to 
urban areas where domestic effluents and industrial activities were suggested as main MP 
sources. From a quantitative point of view, MP abundances showed high variability (0 to 
519,000 MP/m3) owing to environmental variations and sampling uncertainties. In terms of 
size, the studies were limited by type device use for capturing MP within the water. Overall, 
50 µm was the most reported lowest size value, since researchers found very difficult to 
visually separate MPs from non-plastics particles and the particle size threshold for detection 
by FTIR is 20 µm. Regardless of water body or geographical location, fibres between 50 and 
300 µm were numerically dominant in most of the documents. From chemical point of view, 
the polymers more frequently identified were PP and PE.   
 
When it comes to the fate and impact MPs during drinking water treatment and subsequent 
network distribution, there is a significant lack of knowledge. At the full-scale level, plastic 
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litter did not suppose a major issue in the two source-to-tap studies conducted in Norway  
(Wolfgang et al., 2018) and Germany (Mintenig et al., 2019). Microplastics above 50 µm were 
not detected in raw waters and no MP contamination was observed after treatment and 
subsequent network distribution. The Norwegian survey comprised of 24 treatment works 
where raw (20 surface waters and 4 aquifers), finished and network waters were sampled. 
Out of the 72 samples, MPs over a limit of quantitation of 4 MP/L (confidence level 67%) were 
only detected in one sample from a network system. In terms of representativeness, however, 
such results are limited by collecting samples of one litre, a volume far lower than those 
recommended by  Koelmans et al. (2019) for raw water (500 L) and tap water (1000 L). 
Conversely, despite achieving removal extents averaging 80% in three Czech WTWs, their 
finished waters showed MPs in concentrations ranging between 338 and 638 × 103 MP/m³. 
Approximately 95% of the remaining MPs showed sizes in the 0.001 to 0.01 mm range. In this 
study by Pivokonsky et al. (2018), which only included raw surface water, collected volumes 
(27 L) were still below recommend values. Conversely, this is the only study that included data 
referring to MPs in the 1 to 10 µm range. 
 
At the bench scale, coagulation-flocculation experiments showed modest removal extents (3-
13%) of PE fragments between 500 and 5000 µm at operational dosages of ferric and 
aluminium salts. It was speculated that flock density and formation, which is controlled by 
zeta potential, was the critical step for capturing MPs (Ma et al., 2019b). 
 
Table 3 summarizes the main analytical method specifications required for determining MPs 
in aqueous matrices, based on literature that was rated of overall good confidence. Filtration 
size, clean-up and separation techniques were the following: filtration size ≤ 20 µm (42%); MP 
clean-up was used in 81% and H2O2 was the most selected reagent (33%); density separation 
was generally conducted with NaCl (20%) or ZnCl2 (30%). Most protocols include MP 
elucidation by FTIR (57%). 
 
Table 3 Analytical method specifications for MP determination 

Parameter Peer-reviewed 
literature 

Grey 
literature Total Frequency found 

in literature 
Filtration size (µm) 

≥ 300 4 1 5 26% 
300 > MP ≥ 100 3 0 3 16% 
100 > MP > 20 3 0 3 16% 
MP ≤ 20 7 1 8 42% 

Clean-up 
H2O2 7 0 7 33% 
Enzymatic 3 1 4 19% 
Others 5 1 6 29% 
None 3 1 4 19% 

Separation 
NaCl 4 0 4 20% 
ZnCl2 5 1 6 30% 
Others 2 0 2 10% 
None 6 2 8 40% 
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Instrumental analysis 
FTIR 12 3 15 56% 
Raman 7 1 8 30% 
Others 4 0 4 15% 

   
Hence the following parameters were recommended for a MP analysis: 

• Minimum MP size should be 20 µm, in order to capture a representative number of 
MPs present in surface water bodies and facilitate polymer identification by FTIR. 

• Clean-up with a) HCl to remove flocs and b) H2O2 to facilitate quick and reliable organic 
matter removal without degradation of plastic polymers. 

• Quality assurance. Experiments should be run in duplicates at least. Implementation 
of recovery tests, procedural and analytical blanks is needed to ensure accurate and 
reproducible results. 

• Contamination control. When possible, equipment material other than plastic should 
be used and rinsed with ethanol, sodium dodecyl sulphate, and DI water before 
muffling at 500 °C. All solutions or solvents should be filtered (45 µm) before use. 
Sample preparation and transfer should be carried out in a clean environment 
(surfaces rinsed with ethanol and DI water) or laminar flow cabinets. All samples and 
sampling containers should be kept covered when not in use. Staff should wear cotton 
lab coats and gloves. 

 
 The full literature review can be found on DWI’s Research website.
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2.2. Exposure of Humans to Microplastics in the environment. Risk of Adverse effects 
 
IEH Consulting, specialist in toxicology and risk assessment, conducted activities under 
Objective 3. A sequential approach was applied to the assessment of human exposure to MPs. 
Relevant literature was evaluated to determine the following aspects: identification of routes 
of exposure of humans to MPs, route-specific sources of MPs and their chemical make-up; 
methods employed for the measurement of exposure in food, water and air; overview 
assessment of the potential toxicity of MPs (animal and human); and consideration of the 
evidence from published human health risk assessments. 
 
This review focused on available toxicological data and information on human environmental 
exposure to provide a concise assessment of potential health implications. Uptake of MPs in 
the human gastrointestinal tract is restricted to the fraction of particles smaller than 150 µm 
(i.e. ≤ 0.3% of the exposed dose). Only particles below 20 µm in size are thought to be able to 
reach other organs following ingestion. Experimental data on toxicokinetics and the potential 
toxicity of MPs were sparse, although animal studies on some common polymers indicate that 
uptake was limited. Some evidence suggested an association of ingested MPs with local 
inflammation, altered gut microbiome and altered lipid metabolism that may impact human 
health. Chemical hazards associated with residual monomers, additives or adsorbed 
persistent organic pollutants are known to have possible adverse health effects in humans; 
nevertheless, the contribution from MPs to total daily exposure is likely to be low or 
insignificant. Adsorbed microbial pathogens associated with biofilms are also thought to be 
of low risk to human health. While there is a potential risk to the lungs from any suitably small 
low solubility particles or fibres if inhaled in sufficient quantity, this is considered unlikely for 
human exposure to MPs in the environment. 
  
It was noted that potential risks to human health from exposure to MPs are generally difficult 
to quantify because of the considerable variability in physical and chemical properties along 
with the lack of standardised methods for identifying and quantifying microplastics in food 
and biological specimens. The review concluded that the risk of adverse health effects from 
exposure of humans to microplastics in the environment is small. Lack of data precludes 
consideration of the effects of nanoplastics (NPs). 
 
The full literature review can be found on DWI’s Research website.
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3. Experimental Work 
 
This section details the materials and methods used in the project. It describes the procedures 
implemented and the corresponding quality assurance approaches. Results of both bench 
scale and pilot trials are included and discussed as well. Table 4 presents the experimental 
combinations for polymer, size, shape, matrix and test scale.   
 
Table 4 Summary of MP removal experiments at bench and pilot scales  

Shape Polymer Size 
(µm) 

Matrix Scale 
Pure Water Raw Water Bench Pilot 

Spheres 

PE 50-150 X X X X 
20-50 X  X  

PP 20 X X X  

PS 47 X X X  
19.5 X  X  

Fibres 

PE 140 X  X X 
PP 140 X X X  

PET 140 X  X  
50 X  X  

Fragments PE 50-150 X  X  
 
3.1. Methodology and Experimental Design 
 
3.1.1. Microplastic Materials  
 
To ensure consistency across the different experiments, commercially available plastic 
materials representing common MP shapes, polymers and sizes were procured. The shapes 
considered were spheres, fibres and fragments.  
 
All the spheres used in this project were purchased from   (California, USA). PE spheres were 
provided in two fractions of dry particles whose respective diameters were 1-10 µm and 10-
150 µm; the latter was split into two additional fractions ranging 20-50 µm and 50-150 µm by 
sieving (20, 50, 150 µm). PP spheres were also obtained as dry particles of 20 µm diameter. 
PS spheres were received as a 2.5 wt% suspension in deionised (DI) water; the diameters were 
5.2, 19.5, 47 and 150 µm.  
 
Since no commercial supplies of fibres were found, PET, PP and PE filaments were purchased 
from GoodFellow (Cambridgeshire, UK). Microfibres were prepared as described by Cole 
(2016). Filaments were wrapped around a spool, coated with a freezing agent (Neg-50, Fisher 
Scientific, UK) and placed in a freezer (10 min, -80 °C). The frozen filaments were cut into 2-3 
cm segments and bound to the cryotome mount (CryoStar NX50 Cryostat, Thermo Fisher, UK). 
The segments were continuously sectioned at a length to diameter ratio of 3:1. Microfibers 
(with freezing agent) were thawed and then diluted with ultrapure (UP) water. The 
suspensions were filtered on a polycarbonate filter (10 µm) and washed with ethanol and UP 
water to remove the freezing agent. For verification purposes, the length of 10 fibres were 
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measured for each polymer (Table 5). A Tween80 solution (0.01%) was used to prepare stock 
solutions with a concentration of approximately 1 × 106 fibres/L for each polymer.  
 
Table 5 Dimensions of prepared microfibres 

Polymer 
Fibre 

dimeter 
(µm) 

Fibre length 
(µm) 

Measured 
fibre length 

(µm) 

PET 14 
50 

100 
140 

53 ± 2 
108 ± 5 
146 ± 5 

PP 28 140 141 ± 5 
PE 44 140 143 ± 2 

 
Preparation of PE fragments involved the cryomilling of the PE sheets (1 mm thickness) from 
GoodFellow (Cambridgeshire, UK) in a CryoMill (Retsch, Germany). A 10 × 10 cm PE sheet was 
cut into small pieces and about 4 g was placed in a pre-cleaned grinder drum. The process 
required a 1-min precooling step at -196 °C and a frequency of 5/s followed by two milling 
steps lasting 15 min and 9 min at 25/s respectively. Eleven additional milling cycles with a 
duration of 5 min and a frequency of 25/s were performed to obtain the fragments smaller 
than 300 µm. The fragments were separated on a shaker (20 min, 70%) in a laminar flow 
cabinet with a stack of pre-cleaned meshes (300, 150, 50 and 20 µm). Smaller size fractions 
(<50 µm) were not detected after the sieving. 
 
Preparation of stock suspensions 
 
Stock suspensions of the different polymers and shapes were prepared to spike MPs at given 
abundances in the bench and pilot tests. For confirmations purposes, the actual abundances 
were measured. Four aliquot subsamples of a stock (1 mL) were directly dispensed on 0.45 
μm cellulose nitrate membranes. Subsequently, 20 mL UP water and 0.1 mL Nile Red solution 
(1 g/L) was added to each membrane. After a contact time of 5 min, the staining solution was 
filtered by applying weak vacuum to the membranes followed by a rinse of UP water (50 mL). 
After vacuum filtration, membranes were placed on covered petri dishes and dried at 75 °C 
for at least 1 h. Sphere counts were done by epifluorescence microscope and averaged. Table 
6 lists the preparation details and final abundances for each stock. These stocks were used to 
dispense a nominal concentration of 1000 MP/L in the jar tests. For accuracy purposes, the 
mean and standard deviations of the spike abundances are included in the figures reporting 
coagulation results. 
 
Table 6 Stock suspensions preparation and abundances 

Shape Polymer Size 
(µm) 

Mass/  
Volume 

Stock 
volume 

(mL) 

Stock 
abundance* 

(MP/mL) 

Spike 
abundance 

(MP) 

Spheres 
PE 

50-150 127 mg 250 1387 ± 253 1387 ± 253 
20-50 1.9 mg 250 106 ± 6 1060 ± 61 
10-1 1.50 µg 50 997 1042 ± 406 

PP 20 2.0 mg 500 1069 ± 186 1069 ± 186 
PS† 47 1.2 mL 500 832 ± 58 985 ± 105 
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19.5 0.2 mL  1000   1309 ± 288  995 ± 219 

Fibres‡ 

PE 140 2.0 mL 200 899 ± 44 975 ± 21 
PP 140 4.6 mL 250 948 ± 83 948 ± 83 

PET 
140 6.5 mL 250 1468 ± 40 998 ± 27 
50 4.6 mL 200 1205 ± 59 1000 ± 48 

Fragments PE 50-150 50.0 mg 100 507 ± 54 1015 ± 108 
*Mean ± standard deviation (n = 3); †Spheres in 2.5 wt% suspension in DI water; ‡Fibres in Tween80 (0.01%) 
suspensions.   

 
3.1.2. Jar Testing Experimental Design 
 
Coagulation jar tests were carried out with pure and real waters to determine the fate of MPs 
during clarification by measuring MP abundances before and after clarification. A 
standardised jar testing protocol was followed in these tests. Briefly, 1-L glass jars were placed 
in a jar tester (Phipps and Bird PB900, Virginia, USA) and operated as follows: 1) fast mixing 
stage at 250 rpm for 2 min; 2) slow mixing at 40 rpm for 15 min; and 3) flocs settling time 30 
min. Every test comprised six jars including three treatment jars, two positive controls and 
one negative control (Fig. 1). Microplastics (≈ 1000 MP/L) were added to treatment and 
positive control jars; coagulant (FeCl3) was added to treatment and negative jars.  
 

 
Figure 1 Summary of the experimental design for testing MP removal in jar tests 

 
Testing and analysis of microplastics in pure water 
 
To determine the optimum coagulation conditions, three buffer solutions containing either 
phosphate (0.1 M), phosphate citrate (0.01 M) or bicarbonate (5 mM) were tested at different 
coagulant concentrations (2, 4, 6, 8, 10, 20, 50 mg-Fe/L) and pH values (4, 5, 6, 7). Under such 
conditions, flocs were only observed with bicarbonate. Subsequent tests exposed 50-150 µm 
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PE spheres (≈ 1000 MP) to increasing ferric iron concentrations (0 to 50 mg-Fe/L) in 1-litre 
solutions of 5 mM bicarbonate. As Fig. 2 (A) shows, 6 mg-Fe/L effected the best removal of 
the spheres; for this coagulant concentration the optimum pH value was 6 (Fig. 2, B). 
 

 
Figure 2 (A) Effect of iron dosing in the removal PE spherical particles (50-150 µm) by 

coagulation in 5 mM bicarbonate solutions (n = 1). (B) Effect of pH in the removal 
of PE spherical particles (50-150 µm) by coagulation in 5 mM bicarbonate solution; 

coagulant dose 6 mg-Fe/L, error bars indicate the range of duplicates 
 
For analytical purposes, MPs were separated from coagulated water by filtration in glass 
funnels equipped with gridded mixed cellulose ester 0.45 µm membranes (47 mm, Merck, 
UK). After an acid digestion, MPs were stained with a Nile Red solution for subsequent 
detection and verification by epifluorescence microscopy (Fig. 3).  

Figure 3 Sample preparation steps for MP analysis 

To minimize MP losses during processing and analysis, apparatuses, glassware, and tubing 
were rinsed with a Tween80 (0.01%) solution and UP water; washes were combined with the 
corresponding sample (Fig. 4). Analysis of procedural and environmental blanks followed the 
same approach.  
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Figure 4 Critical points for accumulation/loss of MPs during sampling 

Once a coagulation test was completed, the contents of a given jar were split into a 
supernatant fraction (top 500 mL water volume) and a residual fraction, which contained 
settled flocs (bottom 500 mL water volume). For each jar, the supernatant fraction was 
transferred to a Büchner flask by aspiring under vacuum the top 500 mL of water. The 
aspirator tubing and Büchner flask were subsequently rinsed with 25 mL Tween80 solution 
(0.01%) followed by 25 mL UP water; these rinses were combined with the supernatant in the 
filtration funnel and filtered under low vacuum. To dissolve flocs (mainly ferric hydroxides) 
and purify MPs, 10 mL of HCl (0.1 M) was added to the filtration funnel. Once the acid 
digestion was completed (3 to 5 min), the acid solution was filtered. Then the funnel walls 
were rinsed with 50 mL of UP water followed by 40 mL Tween80 solution (0.01%) and 75 mL 
UP water. For selected samples, a submerged fraction (500 mL) was collected 250 mL below 
the water surface and processed as supernatant fraction.  
 
The acid digestion of the residual fraction was done in the jar by adding HCl (5 mL) to the 
settle flocs. Then the agitator was washed inside the jar with 25 mL Tween80 solution (0.01%) 
and twice with 25 mL UP water. The residual fraction was decanted into another Büchner 
flask followed by jar rinses (50 mL of Tween80 (0.01%) followed by two 50 mL of UP water). 
After filtration of the residual fraction and jar washes, the funnel was rinsed with 40 mL of 
Tween80 (0.01%) and 80 mL of UP water. 
 
Once the filtration step was completed, MPs were stained on the membranes by adding 20 
mL of UP water and 0.1 mL of Nile Red solution (1 g/L). The staining solution was retained for 
5 min then removed by filtration followed by a 50 mL rinse of UP water. The membranes were 
placed on covered soda lime glass petri dishes and dried at 70 °C overnight. Finally, dyed MPs 
were visually identified and counted under an epifluorescence microscope (Fig. 5).   
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Figure 5 Visual (left) and fluorescence (right) microscope images for PE spheres (50-150 µm) 
after Nile Red staining 

To confirm that MPs were captured in flocs, subsamples (2 mL) were withdrawn with a glass 
tubing from the bottom and surface fractions. One drop was placed on a microscope slide 
with a circular cavity, covered with a cover glass and inspected under a light microscope. Zeta 
potential samples (5 mL) were taken from the residual fraction. The samples were loaded in 
a polystyrene latex folded capillary cell and measured on a Zetasizer (Malvern Nano Series, 
Worcestershire, UK). The instrument was equilibrated to 25°C and triplicate measurements 
were takes at min. 10 and max. 100 runs respectively. 
 
Testing and analysis of microplastics in raw water 
 
Surface water was obtained from Chicheley Brook on Cranfield campus. This stream takes in 
water from an area around 32.4 km2 in size and is part of the Great Ouse Bedford catchment 
area. Chicheley Brook is 14.1 km long and is not designated artificial or heavily modified. The 
following quality parameters were measured: pH 7.8; total organic carbon 6.1 mg/L; and 
UV254 0.12; to determine the optimum ferric iron dosage, dosing tests were conducted with 
the surface water. The experimental conditions were as follows: volume 1 L, fast mixing 2 min 
at 200 rpm; slow mixing 15 min at 400 rpm; settling times 30 min. Iron dosing ranged from 0 
to 20 mg-Fe/L. Figure 6 shows zeta potential and turbidity measures recorded. Optimum 
coagulation was observed at 14 mg-Fe/L and a pH value of 6 which corresponded to a residual 
turbidity of 1.40 ± 0.03 NTU at a zeta potential of -2.93 ± 0.42 mV. 

Figure 6 Zeta potential (left) and turbidity (right) measurements for coagulation of Chicheley 
raw water  
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For MP analysis a similar approach was followed as for pure water. In this case, however, the 
acid digestion lasted overnight and required 30 mL of hydrogen peroxide (30%) as an 
additional oxidizer for organic matter.  
 
3.1.3. Pilot Testing Experimental Design 
 
To investigate whether the bench scale results translate to continuous water treatment 
systems, tests were coduncted in a drinking water pilot plant (Fig. 7). The tests involved the 
clarification components namely, coagulation and flocculation, dissolved air flotation (DAF) 
and rapid gravity filtration (RGF) with a sand media on a gravel bed. 

Figure 7 Pilot plan schematic 

For these tests, 20 m3 of raw Chicheley Brook water was abstracted in April 2022 over a 4-day 
period; a proportion of this was passed through the drinking water treatment pilot via a main. 
For operational purposes, the coagulant dose was optimised by jar testing of the abstracted 
raw water as described in Section 3.1.2. The pilot plant was operated at 12 mg-Fe/L for the 
duration of the trials. The pH of the inlet water was adjusted to between 5.8-6.3 via dosing 
sulfuric acid (0.01 M) and controlled via a proprietary proportional integral derivative 
controller (Strata, UK) with input data from an online pH sensor (Endress and Hauser, UK), 
which was directly after the static mixer. Full scale plant parameters (based on UK surface 
water treatment plant) such as hydraulic residence time (HRT), chemical dosing, mixing and 
surface loading rates for filters were mimicked by the pilot plant. The pilot plant was operated 
at a raw water flow rate of 200 L/h; the total volume of the plant is 157 L with a nominal HRT 
during these trials of 46 min. The effective HRT is dependent on dynamic parameters such as 
DAF recycle ratio, pH control and MP dosing. The plant was operated for circa two HRTs prior 
to sampling such that steady-state conditions were achieved which was circa 1.5 hours. 
 
Testing of MP removal efficacy through drinking water treatment 
 
The addition of raw water, acid, coagulant, and MPs was regulated with adjustable peristaltic 
pumps (Watson Marlow, UK). The holding tanks (25 L) were not mixed except for the MP 
container, which had an impellor mixer operated at 200 rpm. Suspensions of either PE spheres 
were prepared in 0.01% Tween80 solutions. The MP dosing pump was operated at 33 mL/min 
and the respective nominal abundances at the inlet were 1000 and 300 MP/L for spheres and 
fibres respectively. The MP spiked raw water was mixed in an inline static mixer before 
entering a series of three coagulation/flocculant chambers (62 L) separated by diffusion walls 
each equipped with paddle agitators. The mixers in the flocculation were staged to emulate 
a full-scale plant with consistent flocculation sequence using similar mixing intensities (15 rpm 
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in the all the tanks). Coagulated water was then directed through the 200 cm acrylic DAF 
column (15.7 L and operated at 5-8 bar) where air and 5-20% of the process flow (10-40 L/h) 
was recycled from the outlet. This process attaches small air bubbles to the flocs/MPs and 
allows them to float as sludge to the surface in the DAF column header tank (36 L).  
 
The RGF consisted of an acrylic column (78 L) containing 20 cm of gravel support structure 
above a wire mesh holding grate, topped with 100 cm of sand. The sand filter was fed by 
gravity from the outlet of the DAF clarifier. The pilot plant has two filter cleaning operations 
may be triggered by level in the filter, outlet turbidity reading, time, or manually. In these 
experiments, the filter cleaning was not undertaken during the trial. Instead at the end of the 
experiment one of two solenoid valves opens and transfers fresh mains water into the bottom 
of the sand filter for 5 min to clean the RGF media and restore filter performance. Dirty wash 
water overflows via a top outlet on the filter. Water samples were collected at three locations: 
inlet (post MP addition), settled (post DAF), and filtered (post RGF). 
 
In each test, the plant was left to achieve steady state without MPs. At this point, 1-L samples, 
which acted as negative controls, were grab-sampled at three locations: inlet (post MP 
addition), settled (post DAF), and filtered (post RFG). Subsequently, MPs were added to the 
raw water and, after three HRTs, sampling was resumed on an hourly basis for 6 hours. 
Sample lines were flushed so that at least 3-fold the volume of the sample line was wasted 
prior to taking a sample. The samples were transported to the laboratory under darkened 
conditions at room temperature and were immediately assayed for MPs as previously 
described. Physicochemical parameters were monitored by calibrated online sensors 
(turbidity, pH, UV254 nm). Between tests, the pilot plant was cleaned via jet-wash with tap 
water; 1 HRT of tap water was permitted through the plant prior to the next experiment 
starting.  
 
3.1.4. Microplastics Contamination Control 
 
To minimise environmental and cross contamination of MPs during the experimental work, 
solvent filtration, jar tests, and sample processing were carried out in a laminar flow cabinet 
(HEPA). The cabinet and other surfaces for MP manipulation were rinsed with UP water 
followed by ethanol (99.8%, filtered); lint free cotton cloths were used for wiping the rinsed 
surfaces. 
 
Solvents were filtered with 0.2 µm aluminium oxide membranes (Whatman Anodisc, GE 
Healthcare, UK). Before use, the membranes were rinsed with filtered ethanol and UP water. 
Filtered solvents were kept in glass Duran bottles cleaned as described below. 
 
Glassware and apparatuses were cleaned with tap water and DI water then rinsed with UP 
water and ethanol. The glassware was left to dry in a laminar flow cabinet. The dry glassware 
was covered with aluminium foil when not in use.  
 
Procedural and environmental blanks were run to monitor contamination. The procedural 
blanks contained one litre of a Tween80 solution (0.1%) in UP water and were processed as a 
regular sample. Environmental blanks, which also were processed as samples, included a 1-L 
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of UP water contained in a glass beaker and placed in the laminar flow cabinet next to the jar 
tester to detect any contamination from the work environment. 
 
3.2. Quality Assurance  
 
To ensure the reliability of our data, we adopted the quality assurance framework developed 
by Koelmans et al. (2019) who established a scoring system based on the following nine 
criteria: 
 

1. sampling method  
2. sample size  
3. sample process and storage 
4. laboratory preparation  
5. clean air conditions  
6. negative controls  
7. positive controls  
8. sample treatment for particle identification  
9. polymer identification  

 
Each criterion can take a score value of either 2 (reliable), 1 (reliable to a limited extent), or 0 
(unreliable) that results in a marking scale from 0 to 18. The framework was developed for 
monitoring microplastics in full-scale processes under real-world conditions (e.g. surface 
waters, drinking water influents and effluents). Conversely, our experiments involved the 
manipulation of known MPs (i.e. size, shape and composition) under well-controlled 
conditions that facilitated accurate measurements. Hence, we set our sampling volume to 1 
L and mainly identified MPs by epifluorescence microscopy. Considering these restrictions, 
we awarded reliable marks to all criteria except for sample size and polymer identification, 
which classified as reliable to a limited extent. Thus, this work achieved an overall score of 16. 
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3.3. Removal of MPs in Drinking Water Processes. Bench Scale Studies 
 
3.3.1 Coagulation removal efficiencies for MP spheres in pure water 
 
Figure 8 shows the removal efficiencies of PE spheres whose diameters ranged between 1 
and 150 µm. In the absence of coagulant (controls), most of the spheres larger than 20 µm 
appeared in the supernatant fraction (≈ 83%) as PE is lighter than water (PE density 0.89-0.98 
g/cm3). In the presence of coagulant (Coag.), however, the abundance of spheres in the 
residual fraction notably increased: 66 and 76% for 50-150 and 20-50 µm respectively. 
Furthermore, smaller sizes favoured higher removals. Regardless of their size, spheres were 
found either in the water surface or in the settled flocs as negligible counts were in the 
submerged samples.   

Figure 8 PE spheres (1-150 µm) distribution between supernatant and residual (settled flocs) 
fractions after coagulation in pure water (pH 6, 5 mM bicarbonate); 

 coagulant dose 6 mg- Fe/L 
 
As Figure 9 suggests, entanglement of the spheres in the floc’s porous aggregates was 
considered the main removal mechanism. Hence, smaller spheres better incorporated to the 
flocs (Ma et al., 2019a).  

Figure 9 PE spheres incorporated to settled flocs. Panel A, 2× magnification; Panel B, 10× 
magnification 
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In terms of accuracy, the recovery of the spiked MPs in each jar was calculated as the ratio 
between counted spheres and the spiked abundance obtained from the corresponding stock 
solution (see spike abundances in Table 6). As dash lines show in Fig. 8, recoveries for the 20 
to 50 µm spheres (89-113%) were consistently higher than those calculated for 50-150 µm 
fraction (66-98%). It is speculated this improvement could be due to a higher amount of 
Tween80 present in the jar since 10 mL of the 20-50 µm suspension was required whereas 1 
mL of the 50-150 µm was added. Absence of MPs was found in both negative controls and 
environmental blanks.  
 
When it comes to the PE 1-10 µm fraction, sphere counting under the microscope required 
an increment of magnification from 2× to 5×. This change in magnification translated into a 
shorter visual coverage of the counting grid on the filter, since a 2× magnification covered the 
surface area comprised by a full square of the counting grid, whereas the 5× magnification 
visualizes one-quarter of such grid square. Thus, the total number of PE spheres was 
estimated by extrapolating the number of spheres found within 25% of the total filter area 
which resulted in a lower accuracy and precision. Hence results were significant variable with 
total sphere numbers in samples ranging between 288 to 870 in both control and coagulant 
samples (Fig. 8). 
 
Results for PP spheres (20 µm) are presented in Fig. 10. The spheres evenly divided between 
the supernatant and residual fractions in the controls, despite showing a similar density (0.85-
0.92 g/cm3) to that of PE. The theoretical terminal velocities for PP and PE 20 µm spheres 
were 0.012 and 0.008 mm/s, respectively. A lower velocity implies slower separation by 
gravity hence the difference in distribution.  
  

 
Figure 10 PP spheres (20 µm) distribution between supernatant and residual (settled flocs) 

fractions after coagulation in pure water (pH 6, 5 mM bicarbonate); 
 coagulant dose 6 mg-Fe/L 

 
For the coagulation samples, the average removal was 87%, which compares to those 
obtained for PE. In this case, spheres were also incorporated in the flocs as previously 
explained. Recoveries were in line with the expected spike abundance of 1069 ± 186 MPs 
(dash lines in Fig. 10) and the negative control showed minor MP contamination (14 particles).  
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Result from tests conducted with PS spheres (50 and 20 µm) are shown in Fig. 11 panels A 
and B. PS show a density (1.04-1.08 g/cm3) greater than water, and so comparable 
abundances were measured at the residual fractions of both controls and coagulation 
samples. Thus, settling of PS particles can be expected in water even without coagulant 
addition. PS spheres presented the highest terminal velocities (e.g. 0.075 mm/s for 50 µm) 
which explains the observed trend. When compared with the control, an increase in the 
supernatant values was observed for the 50 µm coagulation samples which was attributed to 
interactions of flocs and air bubbles caused by the rapid mixing (Fig. 11, A). For 20 µm, both 
control and coagulant samples yielded close abundances: having a smaller size (and weight) 
makes the 20 µm spheres more susceptible to drag forces. Both good recoveries (83-136%) 
and no MP contamination were recorded across the tests.  
 

 
Figure 11 PS spheres 50 µm (A) and 20 µm (B) distributions between supernatant and 

residual (settled flocs) fractions after coagulation in pure water (pH 6, 5 mM bicarbonate); 
coagulant dose 6 mg-Fe/L 

3.3.2. Coagulation removal efficiencies for MP fibres in pure water 
 
For PE and PP, the absence of coagulant resulted in most fibres floating in water surface of 
the controls owing to their lower densities (Table 1); the respective average abundances were 
96 and 88% (Fig. 12, panels A and B). The addition of coagulant favoured the accumulation of 
fibres in the residual fractions as observed with the spheres; 71% of the PE and 61% of the PP 
added fibres were counted in the settled flocs. Differences in surface area explain the variance 
in the abundances recorded. Although fibres from both materials shared the same length (140 
µm), diameters differed: 44 µm for PE and 28 µm for PP. Hence, PE fibres had a larger surface 
area for the flocs to interact with.  
 
Since PET polymers are heavier than water (density 1.38-1.41 g/cm3), gravity rather than 
coagulation dominated the removal of PET fibres in the jar tests for both lengths (Fig. 12, 
panels C and D). On average, 94 % of PET fibres settled in the controls; no significant 
difference noticed between lengths (50 and 140 µm). As reported for PS spheres, fibre counts 
increased in the coagulation samples when compared with the controls. 
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Figure 12 PE 140 µm (A), PP 140 µm (B), PET  140 µm (C) and 50 µm (D) fibres distributions 
between supernatant and residual (settled flocs) fractions after coagulation in pure water 

(pH 6, 5 mM bicarbonate); coagulant dose 6 mg-Fe/L 

As Fig. 13 shows, fibres incorporated to the flocs in a similar way as described for the 
spheres in Fig. 9. 

Figure 13 PE fibres incorporated to floating flocs (A) and settled flocs (B) 

 
3.3.3. Coagulation removal efficiencies for MP fragments in pure water 
 
As Fig. 14 shows, around 75% of the spiked PE fragments appeared in the supernatant. In the 
coagulation samples, fragments evenly divided between the supernatant and settled solids. 
In these jars, isolated fragments floated in the surface water (Fig. 14 panels A, B), otherwise 
appeared incorporated into the flocs (Fig. 14, panels B, C).   
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Figure 14 PE fragments (50-150 µm) distribution between supernatant and residual (settled 
flocs) fractions after coagulation in pure water (pH 6, 5 mM bicarbonate);  

coagulant dose 6 mg-Fe/L 
 
The recovery extents averaged 125%; such excess of fragments can be attributed to both 
background contamination as the blank yielded 71 fragmented irregular shapes, low opacity 
and lack of a defined shape resulted in a more difficult fragment counting and identification 
as compared with spheres and fibres.  

Figure 15 PE fragments observed in the surface water (panels A and B) and settled floc s 
(panels C and D) 

 
Compared to PE spheres and fibres (50-150 µm), fragments showed the highest proportion in 
the residual fraction of the controls. Fragments have an irregular shape, and their geometry 
was classified as granular and flake-like (Fig. 15).  
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3.3.4. Coagulation removal efficiencies for MP spheres in raw water 
 
Figure 16 shows the distribution of spheres (50-150 µm PE, 20 µm PP, and 50 µm PS) in jar 
tests conducted with raw water from Chicheley Brook (Section 3.1.2.) 
 

 
Figure 16 PE 50-150 µm (A), PP 20 µm (B), and PS 50 µm spheres distributions between 
supernatant and residual (settled flocs) fractions after coagulation in raw water (pH 6); 

coagulant dose 14 mg-Fe/L 

Coagulation removed around 55% of the initial PE load; a small number was present in the 
water column (Fig. 16, A). A similar trend was observed for PE spheres in pure water (Fig. 8) 
which suggests a negligible matrix effect (i.e.  the presence of organic matter) affecting the 
interaction of the PE spheres with the ferric iron (coagulation jars) or the PE buoyancy 
properties (control jars). In the PP controls (Fig. 16, B), most of the added spheres (70%) ended 
up in the supernatant fractions, whereas coagulant removed them by 60% of the initial load. 
A significant portion of spheres (30%) was also found in the supernatant which can be 
attributed to floating flocs.  In this case, the presence of other components (e.g. organic 
matter) in the raw water disrupted the interaction of the PP spheres with the coagulant as 
well as PP buoyancy (control jars) as more spheres remained in the supernatant. Removal 
extents for raw water fell short (10-20%) of those reported for pure water namely, 86 and 
45% in the coagulated samples and controls respectively (Fig. 10). Still, chemical coagulation 
notably helped MP clarification. 
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Regardless of coagulant addition, almost the total PS load (97%) settled in both controls and 
coagulation jars (Fig. 16, C), as observed in pure water (Fig. 11, A). Again, PS having a higher 
density than water clearly favoured MP separation. 
 
3.3.5. Effect of DOM on the removal of MPs by coagulation 
 
Key to effective removal of particles is in understanding the surface charge characteristics of 
MPs and understand how these changes when in organic dominated matrices. Coagulation 
tests were conducted with PS spheres (50 µm) as described in Section 3.1.2. Each test 
included one organic compound acting as a DOM surrogate. The surrogates showed different 
chemical structures and properties (Table 7): citric acid (CA) is a linear tricarboxylic acid; 
benzoic acid (BA) is an aromatic compound with a single carboxylic group and humic acids 
(HA) are complex mixtures containing both carboxyl and phenolate groups that, from a 
functional point of view, behaves as a dibasic acid. 
  
Table 7 Properties of DOM surrogates  

Compound Molecular 
formula  

Molecular 
weight pKa logKow 

Citric acid C6H8O7 192 2.8 -1.6 
Benzoic 
acid C7H602 122 4.2 1.9 

Humic acid 
sodium salt C9H8O4Na2 226 4.0, 9.0 -1.8 

 
At pH 6, CA deprotonates and, as citrate, strongly complexes with iron, which inhibits 
coagulation. Hence, most of the PS spheres (97%) were in the residual fractions across 
controls and coagulation samples (Fig. 17, A). BA controls showed similar distributions to 
those of CA. Nevertheless, the addition of BA in the coagulation jars resulted in a significant 
presence of PE spheres (17%) on the water surface (Fig. 17, B) concurrent with pure water 
results (Fig. 11, A). As reported for CA, no apparent effect in the supernatant values was 
noticed for HA (Fig. 17, C). 
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Figure 17 PS 50 µm sphere distributions between supernatant and residual (settled flocs) 
fractions after coagulation in pure water (pH 6); TOC 10 mg/L; coagulant dose 6 mg-Fe/L 

 
3.4. Removal of MPs in Drinking Water Processes. Pilot Scale Studies 
 
As Fig. 18 A shows, PE abundances at the inlet showed a linear decrease with time for the 
three first hours and, subsequently, the abundances stabilized around 110 spheres. This 
behaviour may be because the spheres did not form a homogenous suspension. Despite 
continuous mixing and surfactant addition, clusters of spheres settled in the suspension tank 
below the pumping level. To better understand the overall performance across the 6-h test, 
inlet abundances were fitted to a linear regression model and a segmented linear integration 
(SLI) of the data series was considered. The estimated abundance at time zero was 2,233 MP/L 
(Fig. 18 B inset); then SLI average PE abundance at the inlet was 628 MP/L. Figure 18, B 
presents increasing PE fractions escaping coagulation, and a subsequent reduction after 3 h. 
Based on the SLI, the average number of PE spheres in the DAF effluent was 52 MP/L, which 
agrees with the observed average of 58 MP/L. These values indicate a removal efficiency of 
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approximately 91%. Final effluent samples consistently showed the absence of PE spheres 
which ensured their complete removal by filtration (Fig. 18, C) 

Figure 18 Time series abundances for PE spheres (50-150 µm) at inlet (A), post-coagulation 
(B), post- filtration(C). Inset panel B, linear regression inlet observed abundances 

PE fibres behaved in an opposite fashion to spheres. As panels A and B in Fig. 19 show, PE 
abundances increased at the inlet and post-coagulation sampling points in the last 3 h. As 
time went by, fibres dispersed better in the suspension tank which resulted in the rising 
values. Based on the SLI approach, the respective average inlet and post-DAF abundances 
were 69 and 14 MP/L, which resulted in an 80% removal. Filtration effected a complete 
removal of fibres (Fig. 19, C). 

Figure 19 Time series abundances for PE fibres (140 µm) at inlet (A), post-coagulation (B), 
post- filtration(C). Inset panel B, linear regression post-DAF observed abundances 

A B C

A B C
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Pilot testing results indicate that, current clarification processes can cope with changing MP 
loads (abundance and shape). In terms of efficacy, the dynamic system yielded comparable 
removals to those recorded in the jar tests (80-90%). Still, a fraction of MPs may bypass the 
coagulation/flocculation process, which makes filtration a critical point for MP control.    
 

 



 34 

 

4. Conclusions and Recommendations 
 
This study delivered robust bench testing and continuous flow pilot trials to understand the 
fate of MPs in drinking water processes. The experiments included MPs showing different 
polymer compositions and morphologies in pure and raw waters. The developed 
experimental design and the adapted analytical methods were fit for purpose. Particularly, 
the protocols and corresponding QC criteria implemented for the jar tests ensured the good 
precision and accuracy of results under different conditions (e.g. MP composition, 
morphology, matrix). These protocols could be adopted for rutinary testing of other plastic 
polymers (e.g. ABS, PVC, PA, bioplastics), coagulants and polyelectrolytes (e.g. aluminium 
sulphate, activated silica, polyacrylamide), and raw waters. 
 
The average recovery for the polymer particles, calculated by dividing the obtained particle 
counts by the count of the respective stock solution, for all samples, was 95 ± 20%; only five 
samples deviated from the ± 20%. For spheres and fibres, negative controls showed 
abundances between 0 and 20 particles, which represents around 2% of the nominal 
concentration of 1000 MP/L. These results suggest low cross-contamination for the 
experiments and demonstrate the efficiency of the control measures. Nevertheless, 
fragments showed a high number of particles in the blank (71 particles, 6% of the average 
recovered particles). The recovery for these experiments was also found to be high (117-
140%). Fragments could experience further breakdown because of mechanical stress caused 
by the rotation of the blade in the jar tester. Furthermore, irregular fragments from 
contamination cannot be differentiated from those spiked. 
 
For the tested size range (20 to 150 µm), all MPs interacted with the coagulant (ferric iron) to 
a high degree under the laboratory-controlled tested conditions. In fact, coagulation resulted 
in an efficient means for the separation of MPs particles from water. On average, the 
observed removal extent was over 90% across jar tests and pilot trials for an initial MP load 
of around 1000 MPs per litre. For polymers heavier than water, coagulant addition barely 
improved their sinking behaviour. The separation of lighter plastics, however, depended on 
size and shape. For instance, flocs were less effective in capturing PE fragments (49%) when 
compared with the corresponding fibres (71%) and spheres (87%). Data also suggested that 
smaller MPs better aggregate with settling flocs. Nevertheless, smaller sizes were more 
affected by other water constituents present in raw water (e.g. DOC), which can result in a 
larger proportion in the supernatant fraction compared to pure water. In the pilot plant trials, 
coagulation also affected consistent MP removals at varying inlet loads (90%). Filtration was 
a critical point for retaining the residual MP fraction escaping coagulation.  
 
This study focused on ferric iron; further work should find how MPs behave when exposed to 
other coagulants (e.g. aluminium metal salts, pre-hydrolysed metal salts, polyelectrolyte 
chemicals). Microplastics can also reach other stages down the treatment train such as 
disinfection or advanced oxidation. These processes involve chemical reactions with chlorine, 
hydrogen peroxide or UV light. Hence, research should address whether MPs participate in 
these reactions and evaluate both the potential leaching of chemicals, especially soluble 
organics contributing to disinfection by-products, and the generation of NPs (Li et al., 2020). 
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The pilot trials included large MPs (50-150 µm) so additional continuous-flow experiments 
should test smaller particles (20 µm). Testing different filtration media (e.g. sand, anthracite, 
GAC, garnet, ilmenite) and their combinations as well as different effective sizes would 
provide a better understanding of what MPs and size ranges are better removed during 
filtration.  Another limitation of this study was the restriction in the quantifiable particle size 
by epifluorescence detection. It is important to investigate the behaviour of smaller particles 
(<20 µm) because of their lower settling velocity and their potential toxicity. Especially the 
high-density polymers, whose distribution was little affected by the coagulant in this study, 
might experience a different behaviour when present at a nano size. Analyses that are 
automated, time-saving, and less prone to human error, such as automated FTIR scanning, 
would enhance the understanding in the lower particle size range. 
 
Clarification of MPs led to their accumulation in coagulant sludge. Disposal of this residual 
mainly happens through discharges into wastewater inlets or landfill storage (Bratby, 2016, 
p. 442). When discharged in wastewater works, MPs trapped in coagulant sludge will probably 
be removed with biosolids. According to UKWIR’s report Sink to river – river to tap (Ball et al., 
2019), biosolids acted as the main sink for MPs entering wastewater works (99.9%) and 
abundances totalled between 1000 and 4000 MPs per gram of sludge (dry weight). Thus, 
more research should be conducted to determine whether sludge management performs as 
an effective barrier to MP control. Special attention should be paid to the possible 
degradation of MPs in pre-treatments (e.g. hydrolysis) and biological digestion. The potential 
generation of NPs owing to the breakdown of larger particles during mechanical operations 
(e.g. grinding, thickening, dewatering) should be explored as well. If land application is the 
end-use for processed sludge, the MPs can re-enter the environment, hence the need to 
compare MP abundances in amended and non-amended soils for risk management purposes. 
Final disposal of biosolids can occur in specific facilities (monofills) or along with municipal 
solid waste (co-disposal landfills). While landfills classify as repositories for solid waste 
including plastics, the presence of plastics in landfill leaches is also a matter of concern as MPs 
have been consistently detected showing abundances between 0 to 292 MP/L (Silva et al., 
2021). 
 
Internal recycling, which involves combining effluents from different processes, at a water 
treatment works, (e.g. filter backwash water, sludge thickener supernatant) with raw water, 
is common practice. Overall, spent filter backwash streams account for 1 to 5% of the total 
water treated at the works (Bratby, 2016, p. 458). As herein reported, granular filters retain 
most MPs leaving clarification, thus the characterisation of MP present in backwash waters 
(and other returning streams) would provide a better understanding of MP remobilisation 
across treatments. Moreover, comparing MP occurrence between raw water and returning 
flows would provide insights into the accumulation and generation of both nano- and 
microplastics during water treatment. These insights may apply to MP management in close 
water loops.   
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